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Biology of Rhizoctonia Species Associated with Turfgrasses

Few fungi have fostered the interest
of turfgrass pathologists as have Rhizoc-
tonia species. In 1914, R. solani Kiihn
was identified as a pathogen of creeping
bentgrass (Agrostis palustris Hudson) by
C. D. Piper, director of the United States
Golf Association (39). The disease was
named “brown patch™ by F. W. Taylor,
whose turf garden served as the source
of the original diagnostic material. This
marked the beginning of modern turf-
grass pathology. In 1917, John Monteith
and Arnold S. Dahl of the United States
Department of Agriculture demon-
strated control of brown patch with
Bordeaux mixture, and by 1919 the
fungicide was in general use on golf
courses (26).

Brown patch, or Rhizoctonia blight,
remains a serious disease in the warm
humid and warm tropical climatic zones.
The disease has been observed on at least
12 species of turfgrasses (12). In the
southern United States, brown patch is
a major factor limiting successful growth
and maintenance of tall fescue (Festuca
arundinacea Schreb.) (23), St. Augus-
tinegrass (Stenotaphrum secundatum
(Walter) Kuntze) (14,15,51), zoysia-
grasses (Zoysia Willd. spp.) (44), and
creeping bentgrass (23).

Prior to 1980, R. solani was considered
to be the only species within the genus
that caused disease of turfgrasses (11).
As research led to more fully defined
species concepts (37), however, pathol-
ogists began to identify additional
Rhizoctonia species as turfgrass patho-
gens (6,13,33,42). Rhizoctonia species
are imperfect fungi with teleomorphs
assigned to the Basidiomycotina. Impor-
tant characteristics of the genus are: 1)
the absence of conidia, clamp connec-
tions, and rhizomorphs and 2) sclerotia
undifferentiated into rind and medulla
(some isolates and species do not form
sclerotia) (31,37). Within the genus, taxa
are delineated by the number of nuclei
in cells of vegetative hyphae and by the
color and morphology of hyphae,
monilioid cells (short, broad hyphal
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cells), and sclerotia (37). Groups at the
subspecies level are delineated by affin-
ities for hyphal anastomosis (8,9,30,
32,38) and by differences in morphology,
pathogenicity, physiology, and/or ecol-
ogy (31).

Most Rhizoctonia species can be
assigned to one of two groups on the
basis of number of nuclei in vegetative
hyphal cells (Fig. 1). Species with more
than two nuclei per cell (multinucleate
species) include R. solani (teleomorph:
Thanatephorus cucumeris (A.B. Frank)
Donk), R. oryzae Ryker & Gooch (teleo-
morph: Waitea circinata Warcup &
Talbot), and R. zeae Voorhees (teleo-
morph: W. circinata) (31). Binucleate
species comprise more than 40 taxa,
several with teleomorphs in the genera
Ceratobasidium D.P. Rogers and
Tulasnella J. Schrot. (31).

In a recent revision, Moore (27) placed
the anamorphs of Thanatephorus species
(e.g., R. solani) in Moniliopsis Ruhland,
those of Ceratobasidium in Epulorhiza
Moore, and those of Tulasnella in Cera-
torhiza. These changes resolved long-
standing taxonomic problems, but the
extensive literature on R. solani and its
familiarity to plant pathologists would
create potential chaos if the name
Rhizoctonia is abandoned. In this
discussion, therefore, we retain the name
Rhizoctonia for Moniliopsis, Epulo-
rhiza, and Ceratorhiza species.

Both multinucleate and binucleate
Rhizoctonia species cause diseases of
turfgrasses. Furthermore, turfgrasses
serve as a niche for one or more non-
pathogenic species of Rhizoctonia (23),
and strains of these fungi may play a
role in biological control of brown patch
(7). Isolates of Rhizoctonia species may
be visually distinct in culture (Fig. 2),
but identification often requires addi-
tional morphological and physiological
characteristics (Table 1).

Multinucleate Species

Taxonomic characters. Isolates of R.
solani, R. oryzae, and R. zeae have been
collected from turfgrasses. R. solani
forms buff to brown colonies on potato-
dextrose agar (PDA) (young colonies
may be white) and a teleomorph of T.
cucumeris (37). Hyphae of most isolates
are >5 pm in diameter. Most of the

isolates studied are necrotrophic para-
sites, but the species also includes
nonpathogenic strains, some of which
form mutualistic relationships with
plants (46). R. oryzae and R. zeae form
white to buff to salmon-colored colonies
on PDA (41,49). These species are closely
related, as indicated by their common
teleomorph (W. circinata), but can be
distinguished in culture by the morphol-
ogy and color of sclerotia. Sclerotia of
R. oryzae are salmon-colored, vary in
size (<1 to >3 mm in diameter) and shape
(41), and usually form on the agar surface
and are submerged in the medium
(Martin and Burpee, unpublished). In
contrast, sclerotia of R. zeae are 0.5-1.0
mm in diameter and more uniformly
spherical, turn from white to orange, red,
or dark brown (49), and frequently form
submerged in agar and not on the agar
surface (23). R. oryzae and R. zeae are
necrotrophic pathogens whose host
ranges probably are more confined to the
Poaceae than is the host range of R.
solani.

The teleomorphic genera of Rhizoc-
tonia species are assigned to the family
Ceratobasideaceae, order Tulasnellales
of the Basidiomycotina (48). These
resupinate hymenomycetes produce
subspherical to broad, unbranched
basidia with usually four stout, fingerlike
or inflated sterigmata (25). T. cucumeris
is characterized by the formation of short
(10-25 X 6-19 pm), barrel-shaped to
subcylindrical basidia that are about the
same diameter (up to 17 pum) as sup-
porting hyphae (47). Basidia are often
formed in discontinuous clusters. W.
circinata is differentiated from T. cucu-
meris by the formation of: 1) irregular,
contorted branching of hyphae in the
hymenium; 2) suburniform basidia; 3)
small, curved sterigmata, one-quarter to
one-fifth the length of the metabasidia;
and 4) nonrepetitive spores (47).

In addition to morphology, physio-
logical differences between isolates of R.
solani and those of R. zeae and R. oryzae
may be of value in identifying these fungi.
Isolates of R. zeae and R. oryzae form
dark brown reaction zones on agar media
within 3 days of exposure to phenol or
catechol, whereas isolates of R. solani
and binculeate Rhizoctonia species form
only a light brown pigment (23). Isolates
of R. zeae (24) and R. oryzae (Martin,



unpublished) are less sensitive to
benomyl (ECsy >50 mg a.i./L) than iso-
lates of R. solani (ECsy <10 mg a.i./L).
Rhizoctonia species also differ in anti-
biotic production and in electrophoretic
patterns of pectic enzymes (10).

Anastomosis groups. An affinity for
hyphal fusion (anastomosis) among
isolates of Rhizoctonia species has been
used to assign these fungi to specific
anastomosis groups (AG) (31,38).
Isolates in a common AG are believed
to be more genetically homogeneous
than isolates in different AGs (31). To
date, 10 AGs are recognized for R. solani
(31), including two subgroups of AG-2
(AG-2-1 and AG-2-2) that differ in
cultural morphology, thiamine require-
ment, and frequency of anastomosis
between subgroups (31). Isolates in AG-
2-2 have been divided further into those
causing root rots, primarily in the
Chenopodiaceae (AG-2-2 1V), and those
infecting mainly shoots and leaves of the
Poaceae (AG-2-2 I1IB) (31). In addition,
AG-1 includes three subgroups (IA, IB,
IC) that differ in morphology and
symptoms induced (31,50).

Isolates of R. solani from turfgrasses
have been assigned to the following
anastomosis groups: AG-l (subgroups
not designated) (23), AG-2-2 (subgroups
not designated) (14,15), AG-4, and AG-5;
some isolates are unassigned because
they fail to anastomose with isolates from
described groups (Burpee, unpublished).
Isolates that represent a specific AG may
be associated with a specific turfgrass
species, plant tissue, or perhaps geo-
graphic region. For example, most
isolates collected from foliage of tall
fescue in North Carolina were assigned
to AG-1 (23), whereas isolates from
diseased leaf sheaths of St. Augustine-

Fig. 1. Delineation of Rhizoctonla species on the basis of number of nuclei in hyphal
cells: (A) R. solani, phase-contrasl. (B) R. solan/ stained with 1 ppm 4°,6'-diamidino-
2-phenylindole (DAPI) and viewed with fluorescence microscopy. (C) R. cerealis, phase-
contrast. (D) R. cerealis stained with 1 ppm DAPI and viewed with fluorescence
microscopy.

grass in Texas (15) and South Carolina
(14) were assigned to AG-2-2.

Isolates of R. oryzae from rice and soil
and of R. zeae from rice, millet, pine,
and soil have been assigned to Waitea
anastomosis groups WAG-O and
WAG-Z, respectively (35). An associa-
tion of turfgrass isolates with these
groups has not been reported.

Pathology. Diagnostic symptoms of
turf diseases caused by R. solani, R.
oryzae, and R. zeae are primarily on
plant tissues at or above the soil surface.
In fact, the potential impact of these
fungi on roots of turfgrasses is uncertain.
A root disease of turfgrass supposedly
caused by R. solani (19) has not been
confirmed because the species of grass
was not reported and conclusive etiologic
evidence was lacking. In Japan, foliar
brown patch caused by R. solani AG-|
or AG-2-2 I1IB is distinguished from a
root disease designated “large patch™ and
caused by R. solani AG-2-2 IV (33). In
North America, Rhizoctonia species are
considered to be primarily pathogens of
aboveground parts of turfgrasses (11,45).
However, Rhizoctonia species some-
times are not isolated from discased
foliage and stolons of some warm-season
grasses, e.g., St. Augustinegrass and
bermudagrass (Cynodon dactylon (L.)
Pers.), showing brown, patchlike
symptoms (Burpee, unpublished). The
potential for Rhizoctonia species to
induce root disease in turfgrasses
requires further investigation.

Symptoms of brown patch caused by
R. solani can differ with respect to
turfgrass species, mowing height, and
degree of turfl maintenance, i.e., irriga-
tion, fertilization, etc. For example, an
irregular, silver-gray to light brown foliar
lesion with a thin brown border (Fig. 3A)

is a good diagnostic symptom on most
nonstoloniferous species—e.g., tall
fescue and Kentucky bluegrass (Poa
pratensis L.)—that are mowed at a height
of not less than 5 cm and maintained
as prescribed (2) for lawn turf. In
contrast, brown lesions on stolons and
brown discoloration of leaf sheaths (Fig.
3B) are diagnostic on most stoloniferous
species, including St. Augustinegrass and
centipedegrass ( Eremochloa ophiuroides
(Munro) Hack.).

Mowing height affects symptoms in
grasses such as creeping bentgrass and
annual bluegrass (P. annua L.) that can
be maintained at heights as low as 3.2
mm. When these grasses are mowed to
a height <13 mm (e.g., golf and bowling
greens), a dark gray ring or arc of
mycelium (Fig. 4A), observed when the
turf is wet, is a good diagnostic character
of brown patch. The ring of mycelium,
or “smoke ring,” usually is not observed
on turfgrasses maintained at >13 mm
(e.g., golf fairways and home lawns).
Decreased density of the foliar canopy
probably limits the density of mycelium
on and between leaf blades, resulting in
the absence of a smoke ring. On all
susceptible grasses, extensive foliar
necrosis results in brown or straw-
colored patches or rings a few centi-
meters to > m in diameter (Fig. 4A and
B). On warm-season grasses, brown
patch, caused by R. solani AG-2-2, rarely
forms a smoke ring because infections
that occur near the leaf sheaths induce
a sheath rot symptom (Fig. 3A). Thus,
mycelium of the fungus is not usually
present in the higher turf canopy. Patches
of infected turf can be several meters in
diameter (Fig. 4C and D).

Brown patch occurs commonly on
cool-season grasses (e.g., creeping bent-
grass, tall fescue, and Kentucky blue-
grass) during warm (>25 C), humid
weather in summer. In contrast, on
warm-season grasses (e.g., St. Augustine-
grass, bermudagrass, and zoysiagrass),
brown patch occurs commonly in spring
as the plants break dormancy or in fall
as they approach dormancy. Isolates
from warm-season grasses have been
identified as R. solani AG-2-2 (14,15).
It is interesting to speculate that these

Fig. 2. Cultures of Rhizoctonia species
pathogenic to turfgrasses after 4 wk of
incubation at 28 C in the dark. Top row,
left to right: R. zeae, R. oryzae, and R.
cerealis. Bottom row, left to right: R. solan/
AG-2-2 and AG-1A.
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Table 1. Some morphological and physiological characteristics of Rhizoctonia species associated with turfgrasses

Character R. solani R. zeae R. oryzae R. cerealis Rhizoctonia AG-Q

Nuclei per cell >2 >2 >2 2 2

Colony color® Buff to brown White to salmon White to salmon White to buff White to buff

Temperature optimum* 18-28 C ~32.C -~32C ~23C ?

Anastomosis groups AG-1to AG-10 WAG-Z WAG-O AG-D (CAG-1) AG-Q

ECy of benomyl <10 >10 >10 >10 ?

Phenol reaction” + +++ +++ ? ?

Teleomorph Thanatephorus Waitea circinata W. circinata Ceratobasidium C. cornigerum
cucumeris cereale

Disease incited Brown patch

Leaf and sheath spot

Leaf and sheath spot

Yellow patch Yellow patch*

“On potato-dextrose agar (PDA).

"Color surrounding colony on PDA containing phenol or catechol: + = light brown, +++ = dark brown.
“Reported as incited by Rhizoctonia AG-Q only in Japan.

Fig. 3. (A) Foliar lesion on cool-season
Kentucky bluegrass and (B) leaf sheath
lesion on warm-season St Augustine-
grass induced by Rhizoctonia solani.

isolates may represent a cool-weather
(<20 C) biotype of R. solani.

Symptoms induced by R. zeae and R.
oryzae are less well defined than those
caused by R. solani. On tall fescue, R.
zeae has been isolated from lesions
similar to those that are diagnostic for
brown patch (Fig. 3A). On creeping
bentgrass maintained at the mowing
height of a putting green, R. zeae has
been isolated from turf showing dark
gray-brown or yellow arcs or circles; a
smoke ring does not form. The role of
R. zeae in the etiology of these symptoms
remains to be determined. Occasionally,
during periods of high temperature
(>32 C), white to cream-colored mycelia
of R. zeae can be observed growing from
the foliage of infected cool-season grasses
(Martin, unpublished). In these cases, the
disease may be mistaken for Pythium
blight.

On centipedegrass and St. Augustine-
grass, R. zeae and R. oryzae induce
water-soaked lesions at the base of leaf
sheaths (Fig. 3B) similar in appearance
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Fig. 4. Brown patch caused by Rhizoctonia species on: (A) creeping benlgrass, (B)
tall fescue, (C) Tifton 419 bermudagrass, and (D) centipedegrass.

to lesions induced by R. solani (14).
Isolates of R. zeae and R. oryzae also
induce foliar lesions on centipedegrass
and St. Augustinegrass (14); similar
lesions are not induced by R. solani AG-
2-2. R. zeae has been isolated frequently
from the leaf sheaths of bermudagrass
showing a diffuse foliar blight (Martin,
unpublished) but has not been found
associated with the large brown patches
typical of infection by R. solani AG-2-2
on southern grasses (Fig. 4C and D). R.
zeae is isolated frequently in Florida
from warm-season turfgrasses (A. Chase,
personal communication).

Penetration and colonization of turf-
grasses by Rhizoctonia species have not
been studied in detail. Shurtleff (43)
observed that foliar penetration of
turfgrasses by R. solani was primarily
stomatal or cuticular, or both, depending
on the species of turfgrass and the fungal
isolate. Cut and uncut grasses had similar
amounts of disease, and infection
through hydathodes was of minor
importance (43). In contrast, Rowell (40)
reported that disease was more severe on
creeping bentgrass cut to a height of 1.3

i

Fig. 5. Yellow patch caused by R. cerealis
on creeping bentgrass.

cm than on uncut grass. His interpre-
tation that wounds are significant sites
of penetration may be correct, but
histological evidence is lacking,
Penetration and colonization of
turfgrasses by Rhizoctonia species are
probably similar to the events on rice
leaves inoculated with R. solani (20,21)
or R. oryzae (21). Hyphae that originate
from sclerotia or plant debris grow
longitudinally along leaf sheaths. Some
of the branches produced from these
“runner hyphae™ continue longitudinal,
epiphytic growth and the remainder



develop into infection cushions, lobate
appressoria, or both. Infection cushions,
100-400 pm in diameter and 80-170 um
in height, are formed via the aggregation
of hyphal branches. Lobate appressoria
are composed of short, swollen branches
with apical lobes. The percentage of
hyphae that form infection structures
and the dominance of one type of
structure over another appear to be
functions of the genotype of the host-
parasite, i.e., isolate-cultivar, combina-
tion (21).

Infection structures penetrate through
or between epidermal cells or through
stomates. Penetration pegs arise from
lobes on lobate appressoria and from
lobed areas of cells in infection cushions
that are aligned perpendicular to the
plant surface (21). Hyphae may penetrate
stomata in the absence of infection
structures, but this form of penetration
appears not to be common in compatible
host-parasite combinations (21). Direct
penetration probably results from a
combination of mechanical pressure and
enzymatic degradation of the cuticle and
cell wall (1).

Colonization of grasses by Rhizoc-
tonia species has not been studied in
detail, but observations of R. solani on
other hosts indicate that the process
usually involves a combination of
intercellular and intracellular hyphal
growth (1). The tissue necrosis resulting
from enzymatic dissolution of middle
lamellae and cell walls (1), and possibly
the production of toxins (29), is char-
acteristic of infection caused by R. solani.
The origin and possible function of the
thin necrotic border surrounding foliar
lesions on turfgrasses (Fig. 3A) are
unknown; the border may constitute
wound periderm and function as a
resistance mechanism (4).

Observations of infection by R. zeae
have not been reported, but study of the
mechanisms is needed so that the factors
leading to infection are sufficiently
understood.

Ecology. Few reports document sapro-
phytic growth and survival of multi-
nucleate Rhizoctonia species in turfgrass
swards. This is unfortunate because
turfgrass with its perennial habit and
potential to form thatch (a layer of living
and dead roots, rhizomes, or stolons)
creates a favorable environment for the
saprobic development of fungi. Oval,
light tan to black sclerotia of R. solani
(1-2 mm long) have been found attached
to leaf sheaths and grass-blades of
Agrostis spp. showing brown patch (43).
On turf inoculated in a greenhouse,
sclerotia were formed on the adaxial and
abaxial sides of leaf sheaths, in the
crown, and in the area where the roots
are attached to the crown (43). The
number of sclerotia formed on inocu-
lated grasses was positively correlated
with the severity of foliar blight, i.e., 10,
7, 1, and 0 sclerotia per tiller on colonial

bentgrass (A. tenuis Sibth. ‘Astoria’),
creeping bentgrass (cv. Seaside), Ken-
tucky bluegrass, and creeping red fescue
(Festuca rubra L.), respectively.

Sclerotia produced by an isolate of R.
solani from colonial bentgrass did not
show dormancy (43) and remained viable
after 25 successive germinations on agar
media within a 9-month period. Isolates
have survived in dry grass clippings for
as long as 4 months. Isolates survived
longer in partially diseased turf than in
completely necrotic tissue (43).

R. solani, R. zeae, and R. oryzae have
been isolated from the thatch layer of
tall fescue (22). Mycelia originated
primarily from colonized organic matter
and occasionally from sclerotia.
Propagule density of the three species in
a horizontal plane 0.5 cm deep was not
correlated with disease severity (22).

Some aspects of the ecology of
Rhizoctonia species can be inferred from
studies of soils cropped with plants other
than turfgrasses (17,36), but definitive
studies of these fungi in thatch and the
thatch-soil interface are required.

Binucleate Species

Taxonomic characters. Two binu-
cleate Rhizoctonia species (BNR), R.
cerealis Van der Hoeven (5) and a fungus
designated Rhizoctonia AG-Q (33), have
been identified as turfgrass pathogens.
Colonies of R. cerealis are white to buff
on PDA, with hyphae 2.8-6.2 um in
diameter (3). Monilioid cells are 17-30
X 7-15 pm. Sclerotia are 0.3-1.2 mm
in diameter, globose to irregular, and
white to yellow, turning brown with age
(3); some isolates, however, fail to form
sclerotia on PDA (5). Optimum temper-
ature for growth in culture is
approximately 23 C (5). Colonies of
Rhizoctonia AG-Q also are white to buff
on PDA and are without sclerotia
(Burpee, unpublished). Rhizoctonia
AG-Q is slower growing (1.3 mm/day)
than R. cerealis (about 5 mm/day) at
20 C.

The teleomorph of R. cerealis is
Ceratobasidium cereale Murray &
Burpee (28), although Oniki et al (34)
designated C. gramineum (Ikata & T.
Matsura) Oniki, Ogoshi, & Araki as the
teleomorph. The justification for this has
been questioned, and the relationship
between C. cereale and C. gramineum
will remain uncertain until teleomorphic
stages of additional isolates of R. cerealis
are examined. The teleomorph of
Rhizoctonia AG-Q is C. cornigerum
(Bourd.) D.P. Rogers (34), but morpho-
logical differences between C. cor-
nigerum and C. gramineum are not very
distinct (34).

In addition to R. cerealis, fungi
representing less clearly defined species
of BNR have been isolated frequently
from turfgrass tissues (15,23,42) or soils
from turfgrass swards (22). The limited

number of isolates tested were nonpatho-
genic or weakly virulent on turfgrasses
(15,23,42). They differ from R. cerealis
in one or more morphological or physio-
logical traits, including hyphal
diameters, temperature optima for
growth, morphology of teleomorphs,
and anastomosis reactions (Burpee,
unpublished). The relationship of these
fungi to Rhizoctonia AG-Q (33) is
unknown. Comprehensive taxonomic
studies are needed, because some strains
may function as biocontrol agents (7).

Anastomosis groups. Isolates of BNR
with Ceratobasidium teleomorphs con-
sist of at least 17 AGs, designated AG-A
through AG-Q (30,32,34). These groups
correspond to the Ceratobasidium
anastomosis groups (CAG) established
by Burpee (6) as follows: AG-A = CAG
2, AG-D = CAG 1, AG-E = CAG 3
and 6, and AG-F = CAG 4 (30,32);
groups CAG 5 and CAG 7 do not
correspond to any of the Japanese
groups. Isolates of R. cerealis belong to
a single group, AG-D or CAG 1 (5,6,18),
whereas isolates causing yellow patch
symptoms in Japan have been assigned
to AG-Q (33). Anastomosis affinities of
other BNR from turf have not been
characterized well.

Pathology and ecology. R. cerealis
causes yellow patch of turfgrasses (5),
and a similar disease is incited by
Rhizoctonia AG-Q in Japan (33). Yellow
patch, familiar to turf managers as cool-
weather brown patch, develops at
temperatures <20 C on grasses that are
wet for extended periods (5). Susceptible
grasses include creeping bentgrass,
annual bluegrass, Kentucky bluegrass,
tall fescue, zoysiagrass, and bermuda-
grass (12). In a controlled-environment
test, Burpee et al (9) recorded mean
disease indices (0 = no disease, 10 =
100% disease) of 8.0, 4.7, 5.0, and 1.5
for creeping bentgrass, perennial rye-
grass, tall fescue, and Kentucky blue-
grass, respectively.

Detailed descriptions of preinocu-
lation events or the mode of infection
by R. cerealis are lacking. Infected
grasses show foliar chlorosis and necro-
sis, resulting in yellow to straw-colored
patches or, more commonly, irregular
rings in turfgrass swards (Fig. 5). The
patches and rings range from a few
centimeters to more than 1 min diameter.
The ring pattern probably develops as
a result of the growth of symptomless
foliage from noninfected meristems in
the center of the patches (Burpee,
unpublished).

Grasses infected with R. cerealis
seldom show distinct foliar lesions, and
the fungus does not form a dense ring
of mycelium in turf similar to the smoke
ring formed by R. solani. This lack of
distinct signs and symptoms complicates
diagnosis. Furthermore, the yellow to
straw-colored rings produced in turf by
R. cerealis can be similar to those
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associated with certain type B superficial
fairy rings (45). Therefore, diagnosis of
yellow patch is usually reserved until the
pathogen is isolated and identified (5).
R. cerealis can be isolated from plant
tissue by incubation at 15-20 C on water
agar acidified with lactic acid (Burpee,
unpublished). Recently, a selective
medium was developed for isolation of
this fungus from soil (16).

Virtually nothing is known about the
ecology of BNR in a soil. Analogies
drawn from information on the sapro-
phytic activities of R. solani (36) can be
misleading. The frequent isolation of
BNR from roots and rhizosphere soil
(Martin and Burpee, unpublished), even
when isolation of R. solani is expected
(22), suggests that they are competitive
soil inhabitants, perhaps to the exclusion
of R. solani. Detailed studies on the
ecology of BNR are required.

BNR as biocontrol agents. Nonpatho-
genic strains of BNR from turfgrass have
been used experimentally to suppress
brown patch (7). Creeping bentgrass
treated with strain Bn 165 24 hours
before inoculation with R. solani showed
83% less disease than bentgrass treated
with inoculum of R. solani only. The
mechanism of this suppression is
unknown, but it appears to be something
other than antibiosis or parasitism (7).

116 Plant Disease/Vol. 76 No. 2

Future Directions

Knowledge of Rhizoctonia species
associated with turfgrasses has increased
markedly since 1980, especially taxo-
nomic aspects. Fundamental informa-
tion on the biology of these fungi is
lacking, however. For example, do
Rhizoctonia species cause root rots of
turfgrasses? How effectively do Rhizoc-
tonia species function as saprobes in
turfgrass thatch and soil? We propose
the following areas as potentially pro-
ductive for future research:

1. A comparative study of the poten-
tial of different species and strains of
Rhizoctonia to induce root rots in
various species of turfgrasses;

2. A study of saprobic growth and
survival of species and strains of Rhizoc-
tonia in turfgrass thatch and soil;

3. An investigation of possible patho-
logical and ecological differences among
anastomosis groups and subgroups of R.
solani associated with turfgrasses; and

4. Further studies on the pathology,
ecology, host range, and anastomosis
groups of R. zeae and R. oryzae in North
America.
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